It has been assumed that DNA synthesis by the leading-and lagging-strand polymerases in the replisome must be coordinated to avoid the formation of significant gaps in the nascent strands. Using real-time single-molecule analysis, we establish that leading-and lagging-strand DNA polymerases function independently within a single replisome. Although average rates of DNA synthesis on leading and lagging strands are similar, individual trajectories of both DNA polymerases display stochastically switchable rates of synthesis interspersed with distinct pauses. DNA unwinding by the replicative helicase may continue during such pauses, but a self-governing mechanism, where helicase speed is reduced by $80%, permits recoupling of polymerase to helicase. These features imply a more dynamic, kinetically discontinuous replication process, wherein contacts within the replisome are continually broken and reformed. We conclude that the stochastic behavior of replisome components ensures complete DNA duplication without requiring coordination of leading-and lagging-strand synthesis.
INTRODUCTION
The Escherichia coli genome is replicated at $650 bp,s À1 in vivo (Pham et al., 2013 ) by a replisome comprising at least 13 distinct polypeptides. The hexameric helicase DnaB, which translocates 5 0 /3 0 on the lagging-strand template, unwinds DNA at the replication fork. DNA synthesis is catalyzed by two core polymerases (Dohrmann et al., 2016) , whose activities are inferred to be coordinated. Core polymerase (aεq) is poorly active and requires the b-clamp (''b''; a dimer of DnaN), topologically linked around DNA, for processive synthesis. The clamp-loader complex (t 2 gddʹcc) places b on the 3 0 terminus of primer-template junctions. The t subunit of the clamp loader organizes the helicase, core polymerases, and clamp-loader into a single complex, permitting the rapid and concomitant replication of both parental strands.
DNA must be replicated completely and faithfully so that large ssDNA gaps are not left that might destabilize the genome. Leading-and lagging-strand synthesis proceed in overall opposite net directions. ''Okazaki fragments'' (OFs), 1-3 kb fragments synthesized discontinuously on the lagging strand, are extended and ligated behind the replisome to yield a continuous duplex (Okazaki et al., 1967) . Each OF is initiated by the synthesis of a short RNA primer by primase (DnaG) that is extended by core polymerase complexed with b; b is used stoichiometrically for the synthesis of each OF. Primase thus governs the periodicity of lagging-strand synthesis, with OF length inversely correlated with primase concentration (Wu et al., 1992a) . This model suggests that one polymerase replicates each strand exclusively, requiring the lagging-strand polymerase to cycle from one primer to the next upon OF completion. For lagging-strand synthesis to proceed without leaving large gaps, the distance between priming events must therefore be less than the mean polymerase processivity.
One would expect two biochemically identical core polymerases to extend DNA at similar rates. However, it has been proposed that lagging-strand synthesis should be faster overall to accommodate binding of primase to DnaB, synthesis of a primer and dissociation of primase, loading b, binding of b by core polymerase, and primer extension to complete the OF (Georgescu et al., 2014; Pandey et al., 2009; Selick et al., 1987; Wu et al., 1992a) . If not, then such slow steps would require a delay of the leading-strand polymerase to accommodate lagging-strand synthesis. Any model of replication must therefore rationalize how the leading-strand polymerase does not advance so far ahead of the lagging-strand polymerase that synthesis by the two polymerases becomes discoordinated (what has been termed ''uncoupled'') (Yeeles and Marians, 2013) . Two independent proposals are that either (1) lagging-strand synthesis or primase itself, directly as a ''molecular brake,'' slows replication (Lee et al., 2006; Yao et al., 2009) or (2) that the rate of helicase unwinding is regulated by the polymerase itself (Stano et al., 2005) should the two become physically separated or functionally ''uncoupled. '' A commonly held view is that leading-strand synthesis is both continuous and highly processive. However, some evidence suggests a more dynamic scenario (Duderstadt et al., 2016; Geertsema et al., 2014; Langston et al., 2009; Yeeles and Marians, 2011) . The leading-strand polymerase can stall at a lesion, but DNA unwinding continues, and primase re-primes the leading strand downstream of the lesion (Yeeles and Marians, 2011) . This mechanism permits rapid lesion bypass without fork disassembly and restart.
The relationship between leading-and lagging-strand synthesis has been determined in bulk by labeling and separating the two daughter strands by alkaline gel electrophoresis, which revealed the roles of proteins and nucleotide concentrations on lagging-strand synthesis (Wu et al., 1992a; 1992b) . However, ensemble experiments are limited: (1) long product lengths cannot accurately be measured; (2) without nucleotide bias, leading-and lagging-strand synthesis at limiting primase concentration cannot unequivocally be distinguished; and (3) the ensemble obscures the activity of single molecules, and transient events (e.g., stochastic pauses) cannot be observed.
Here, we observe the behavior of single replisomes actively engaged in DNA replication in real time, using total internal reflected fluorescence (TIRF) microscopy. We show that single replisomes containing two core polymerases in the presence of excess b, single-stranded DNA-binding protein (SSB), and primase are sufficient to fully duplicate up to $250 kb of DNA. Synthesis by the core polymerases is unexpectedly dynamic, with synthesis interspersed with pauses. Though rates of the leading-and lagging-strand polymerases are similar, the rates of individual polymerases can vary 10-fold and are changeable. Leading-strand synthesis by a single replisome proceeds for $70 kb on average, whereas lagging-strand synthesis is limited to $14 kb; curiously, leading-strand synthesis is punctuated by pauses every $19 kb, perhaps reflecting an intrinsic lifetime of components within the complex that is manifest similarly in lagging-strand processivity and leading-strand pausing. Overall processivity of the replication fork is unaffected by the concentration and activity of primase, showing that leading-and lagging-strand polymerases can function autonomously, and establishing that primase does not regulate polymerization. Furthermore, helicase speed is regulated in a self-governing manner to prevent runaway DNA unwinding: upon polymerase pausing, the helicase reduces its speed by about 80%, but upon resumption of synthesis, unwinding and replication continue at the normal coupled speeds. We present a model in which either of the polymerases within the replisome acts autonomously in time and in a stochastic manner.
RESULTS

Establishment of a Rolling-Circle Replication Assay Capable of Distinguishing between Leading-and Lagging-Strand Synthesis
To determine rates of leading-and lagging-strand synthesis, priming, and DNA unwinding during replication, we devised a rolling-circle assay that is capable of visualizing replication of both strands, and we observed the products by single-molecule TIRF microscopy ( Figures 1A-1C) . The rolling-circle assay permits continuous monitoring of DNA replication, so processivity measurements are not limited by template length (Alberts et al., 1983; Pomerantz et al., 2008; Tanner et al., 2009; Yao et al., 2009 ). We used an 8.6 kb template that could be resolved from the long, duplex tail of the product based on its size and brightness. A reaction comprising all replisome components is shown ( Figures 1D-1F ). The template, bearing a 5 0 biotin tail, was adsorbed onto a coverglass via biotin-streptavidin interaction ( Figures 1B and 1C) . DnaB, DnaC810, Pol III* [(aεq) 2 t 2 gddʹcc], b, three of the four dNTPs, and all four rNTPs were added to the flow-cell, forming an idling, ''pre-initiation'' complex ( Figure 1C ) in which only the leading-strand polymerase is engaged with b. DnaC810 is a gain-of-function mutant that bypasses the requirement of PriA for loading DnaB (Xu and Marians, 2000) and was used to load DnaB on the template. Excess DnaB, DnaC810, and Pol III* were washed out, and replication was initiated by introducing primase, b, and SSB in the presence of all four dNTPs and rNTPs. The replication reactions were therefore single-turnover with respect to replisomes. On average, $18% of the template molecules initiated replication during live observations (N [replicates] = 3; n [molecules] = 650), although the amount varied from 12%-26%. Replication products were visualized in real time by extension under flow in the presence of SYTOX Orange, which detects dsDNA, but not ssDNA,SSB. Figure 1D and Movie S1 show a representative field in which many circular template molecules-small foci at the start of reaction-are replicated to yield long products. The template, at the head of the fork, tracks from left to right in the direction of flow. All products in this field consisted almost entirely of duplex DNA, confirming coordinated leading-and lagging-strand synthesis. Three actively extending molecules are identified in Figure 1D . Frames from videos of each molecule and kymographs (Figures 1E and 1F) show that the average rate of fork movement was largely monotonic, although the fine structure in the trajectories will be addressed below. By tracking the position of the circle with respect to its anchor position, we determined the length of the replication product as a function of time ( Figure 1F , magenta, cyan, and green traces). DNA products could be $250 kb in length (Table 1) ; linear fits to the full trajectories (n = 84) yielded a Gaussian distribution of rates with a mean of 470 ± 180 bp,s À1 (± SD) (Figures 1F and 1G) .
Primase Is the Only Replication Protein Specific to Lagging-Strand Synthesis
We next considered which proteins are specific to lagging-strand synthesis. We initially analyzed the end products of replication by performing the reactions as above, omitting key replication proteins in turn without laser illumination under low flow (Figures S1A-S1D) to reduce the force on the replisome yet replenish proteins and nucleotides. Reactions were quenched after 10 min, and products were extended for length measurement under high flow and laser illumination (Table 1 and STAR Methods) . When all proteins were present, the median product length was 68 kb after 10 min, and virtually all product was duplex (Figure 2A) . However, for some protein dropouts, replication products were short, and when imaged under flow, they appeared as small foci that were nearly indistinguishable from unreacted template (e.g., primase omitted, Figure 2A , vi). We used a flowcycling method to determine where the products were anchored ( Figure S2 and STAR Methods); anchor positions are shown via a composite image showing the same fields with flow turned off in cyan and flow-extended molecules in magenta (Figure 2A , ii, iii, iv, and vi). The lengths of replication products confirmed the canonical roles for each protein (Wu et al., 1992a) (Table 1) . DNA synthesis was dependent on both DNA unwinding by DnaB (Figure 2A , ii) and synthesis by Pol III* (Figure 2A, iii) .
The three proteins that act distributively-b, SSB, and primase-affected synthesis in different ways (Figure 2A, . Omission of b did not affect the nascent lagging strand specifically, yielding duplex products; however, products were short, showing b's essential role in increasing the processivity of synthesis by core polymerase on both strands, and the length of extended products was reduced by 79% to 14 kb (Figure 2A , iv; Table 1 ). Omitting SSB reduced the median product length to $29 kb, suggesting that SSB stimulates DNA synthesis on both leading and lagging strands, as has been suggested previously (Georgescu et al., 2014) (Figure 2A , v; Table 1) .
Only primase affected lagging-strand synthesis specifically (Figure 2A, vi ( Mok and Marians, 1987; Wu et al., 1992a) . Products generated without primase consisted of a template anchored via long tails of ssDNA,SSB to the surface ( Figure 2B ). We determined the lengths of the SSB-ssDNA products produced by replication of only the leading strand, using the calibrations in Figures S1E-S1H and the method of Figure S2 . Omitting primase did not significantly affect the median product length ($77 knt), although the product was fully ssDNA (Table 1) . Thus, leading-strand synthesis occurs independently of lagging-strand synthesis. We expected that, because product lengths were similar in the presence and absence of primase, the rate of leadingstrand replication would also be independent of primase. We therefore monitored replication in real time under extension ( Figure 2B ). In these reactions, only leading-strand ssDNA,SSB is produced, so SYTOX Orange stains only the rolling-circle template, which moves across the field in the direction of flow. Figures 2C and 2D and Movie S2 show a composite of video frames at 50 s intervals; three representative molecules are identified. By tracking the position of each template molecule, we determined product lengths as a function of time. Figure 2E shows kymographs derived from the three molecules identified in Figure 2C and linear fits to the data to yield rates of leading-strand synthesis. Overall rates of extension were approximately linear, as per the reaction containing primase, but were interspersed with occasional pauses and termination events ( Figure 2E ). The mean rate of fork progression, from initiation to termination, including pauses, was 390 ± 130 nt,s À1 . Notably, this rate is not significantly different from the replication speed in the presence of primase, 470 ± 180 nt,s À1 ( Figure 2F ), and the transient pauses are independent of primase. Thus, we find no evidence for the E. coli replisome that primase acts as a molecular brake to regulate synthesis of the leading-strand DNA polymerase, in agreement with an alternative analysis of the T7 replication system (Pandey et al., 2009 ). We measured the processivities of replisomes from the realtime imaging experiments of Figures 1D and 2C , judged by the final lengths of all molecules in a given field after $5 min reaction. There was no significant difference between the processivity distributions with or without primase included in the flow (median [interquartile range (IQR)]): 97 [62-110] kb, n = 69; and 88 [62-118] knt, n = 49; Figure 2G ). Processivity was markedly reduced by the absence of b in the flow (median kb, n = 62), but there was again no significant difference whether primase was also present in the flow (without primase, median 37 knt, n = 53) ( Figure 2G ). Thus, we find no evidence that priming the lagging strand affects the speed or the processivity of the replisome; however, curiously, the continued presence of b is required to maintain leading-strand synthesis.
The Leading-Strand Polymerase Pauses Stochastically, yet the Helicase Continues Unwinding DNA, albeit More Slowly The observation of pauses in overall fork progression ( Figure 1F ) and leading-strand replication ( Figure 2E ) led us to further investigate their mechanism. We focused first on leading-strand replication only because deconvolution of the data was straightforward and, as shown in Figure 2 and below, leading-strand synthesis was independent of primase. However, as described below, similar pausing behavior was observed for the laggingstrand polymerase.
Leading-strand polymerases were seen to stochastically pause once, several times, or not at all ( Figure 3A) . By fitting the trajectories to multi-segment lines, we determined the pause duration, the amount of DNA synthesized during each burst, and the ''burst'' rates for synthesis between pauses. Fits for three representative molecules (molecules a, b, and c, Figures 2C and 3A, i) , with kymographs derived from the raw data ( Figure 3A , ii) are shown together with an expanded movie of the same three molecules (Movie S3). The trajectories show that an individual DNA polymerase pauses randomly and then resumes synthesis, although at a different rate; detailed analysis follows.
Next, we considered whether DnaB continues to unwind the dsDNA ahead of the polymerase during a pause. Unwinding without synthesis would reduce the fluorescent signal; if synthesis did not restart, DnaB would run off the end of the template, and replication would terminate ( Figure S3A ). To reveal unwinding events, we measured the intensity of the template over time, at the position of the pause, and normalized the maximum intensity observed to intact template ($8.6 kb) to estimate the duplex content of the template during replication. The intensity traces exhibited a characteristic sawtooth pattern: a slow monotonic decrease in fluorescence, often followed by a fast increase back to the full template intensity ( Figure 3A ). Overlaying the unwinding and synthesis trajectories revealed that the unwinding portion of these patterns initiated upon pausing of leadingstrand synthesis in 90% of cases (62 events). Terminal unwinding events were also observed as leading-strand synthesis ceased, which we interpret as DnaB runoff ( Figure 3A ; Movie S3, molecules a and c). Remarkably, the recovery of fluorescence following the slow decrease occurred in 65% of unwinding events during elongation (40/62 events; 67 molecules), e.g., Figure 3 , molecule b at $320 s. We interpret this as resumption of fast, leading-strand synthesis following a pause. Pausing was unaffected by increasing SSB concentration or flow (Figures S3B and S3C) . Thus, the helicase and leading-strand polymerase can become transiently unsynchronized: unwinding can continue without synthesis, albeit at a reduced rate. Nevertheless, as we discuss below, this observation does not necessarily imply that the two become physically disengaged.
We hypothesized that pauses in leading-strand synthesis might be caused by polymerase dissociation either from DNA or b or from stalling. Pauses might be intrinsic to polymerization, or they might be caused by DNA damage or difficult-to-replicate secondary structure. If the polymerase were to dissociate from DNA or b during a pause, resumption of synthesis would presumably require reloading of b at the 3 0 terminus of the leading strand. We therefore compared the trajectories of leading-strand-only replication in the presence and absence of b in the flow . We discovered that omission of b changed the burst rates (the rates of elongation between detectable pauses) of leading-strand synthesis. Figure 3B shows the rate distribution for bursts of leading-strand synthesis. With b present, the distribution is well described by a single Gaussian, with a mean of 510 ± 190 nt,s À1 (± SD; median, 520 nt,s À1 ); however, with b absent from flow, we observed an additional, slower population of molecules with a mean of 270 ± 90 nt,s À1 , in addition to the fast population of 560 ± 120 nt,s À1 (overall median, 450 nt,s À1 ). Note that for both distributions, the width of each Gaussian is much larger than the precision of an individual rate measurement (e.g., in Figure 3A , the SD for defining an individual trajectory ranges from ± 3 to ± 29 nt,s À1 ), revealing intrinsic heterogeneity in the synthesis behavior of individual polymerases. Median product lengths (total length of leading strand, measured from anchor to template) ± interquartile range; n, number of molecules observed. a , no extended products observed.
Furthermore, after pausing, the rate of synthesis typically changed, revealing stochastic switching. Differences in the median burst length (19 knt versus 9.7 knt without b) show that the polymerase manifests an increased propensity to pause in the absence of free b ( Figure 3C ). Pause durations are exponentially distributed, and half-times increased slightly in the absence of free b from $12 s to $18 s, although within the range of errors ( Figure 3D ). Thus, pausing is more frequent in the absence of b and is associated with a sub-population of polymerases with a reduced synthesis rate, suggesting that loss of the interaction between core polymerase and b during replication is responsible. Thus, a portion of the leadingstrand pauses in synthesis may occur via a mechanism that requires reloading b for resumption.
We wondered whether the dsDNA unwinding rate by DnaB would be affected by polymerase pausing. We therefore analyzed unwinding events observed during elongation pauses from experiments with and without b in flow. Markedly similar distributions of DNA unwinding velocities (84 ± 20 with, 86 ± 11 bp,s À1 without, free b; Figure 3E ), identical to single-molecule results using magnetic tweezers ($80 bp,s À1 at zero force [Ribeck et al., 2010] ), were observed. However, these velocities are $one-sixth the burst velocity of the elongating leading-strand polymerase, and $one-fifth the overall velocity of the fork. Thus, we directly demonstrate cooperation between leading-strand synthesis and duplex unwinding: DNA polymerase stimulates the activity of Figure 2C) DnaB helicase. This cooperativity ensures that runaway unwinding is disfavored when DNA synthesis is paused.
Neither Priming Frequency nor Okazaki Fragment Synthesis Affects Leading-Strand Synthesis
We have shown that the rate and processivity of replisome movement are similar in the presence and absence of laggingstrand synthesis and that most replication forks, under our single-turnover conditions, terminate synthesis after $5 min replication. However, given the inverse relationship between OF length and primase concentration (Wu et al., 1992a; 1992b) , it remained possible that, when priming is infrequent, replication might be delayed by the completion of very long OFs. Therefore, we analyzed replication over a full range of primase concentrations, from none to saturating (320 nM), in the flow along with SSB and b. To collect large datasets spanning multiple fields and eliminate photocleavage during the reaction, we performed experiments under low flow without laser illumination, per Figures 2A-2F , quenching the reactions after 10 min ( Figure 4A ). The lengths of dsDNA tracts and ssDNA,SSB tracts between duplex tracts were measured under full extension (STAR Methods), subjecting products containing ssDNA at their anchor point to the flow-cycling analysis, per Figures 4A, S2, and S4B.
As primase concentration was reduced from 320 nM to zero, the duplex content of replication products decreased, but ssDNA,SSB tract length correspondingly increased (Figures 4B-4D), with half-saturation occurring at 9.3 ± 1.0 nM (± SE) primase ( Figure 4E ). We also observed an inverse relationship between the mean lengths of individual dsDNA and ssDNA,SSB tracts ( Figures 4F-4H ), which we treat in detail below. Nevertheless, both the mean total leading-strand length (the sum of dsDNA and ssDNA,SSB in each product) and length distributions both remained virtually unchanged with respect to primase concentration ( Figures S4C and S4D) . Thus, the progression of replication forks was unaffected by the amount of priming and lagging-strand synthesis. To determine whether primase itself might affect replication in the absence of priming, catalytic site mutants (at 320 nM in flow) were tested: D269A, retaining $3% activity, showed infrequent priming; and D269Q, which showed negligible priming activity (Corn et al., 2005; Rymer, 2012) . However, again, the mean leading-strand length remained unchanged ( Figure S4E ). Thus, combined with our measurements of fork progression in the presence and absence of primase ( Figure 2F ), we find no evidence that lagging-strand synthesis slows replication.
Direct Labeling of Okazaki Fragments Reveals Priming Frequency
In the above experiments, one dsDNA tract might consist of several OFs with unresolvable gaps between. We thus determined the locations and size distributions of Okazaki fragments in replication end-products ( Figure 5A ). We pulse-labeled 3 0 OF termini after 10 min of replication with digoxigenin-dUTP, imaging the 3 0 termini with fluorescent a-digoxigenin (STAR Methods and Table S1 ). We define priming distance (PD) as the distance between successive primers (i.e., between 5 0 ends of successive OFs Figure 5C ). In these fields, OFs are closely spaced at high primase concentration but become sparser as primase concentration is reduced; gaps between OFs can still be resolved at limiting and intermediate primase concentration. Figure 5D shows that OF length varied between 3.0 kb (range: 1.0-8.1 kb) at 320 nM primase and $19 kb (range: 1.8-80 kb) at 1-2 nM primase. The upper plateau value thus reflects the processivity of lagging-strand synthesis. We represent the activity of primase in terms of primer utilization: the frequency of primer synthesis (the reciprocal of PD), normalized to unit length. A plot of primer utilization against primase concentration was hyperbolic ( Figure 5E ); a Michaelis-Menten fit returns a K M of 17 ± 3 nM (SE) with no evidence for cooperativity. Assuming the number of primers utilized is proportional to the number synthesized, this value directly reports the affinity of primase for the replisome. Our K M value is considerably lower than the previously reported K d of $1-3 mM between DnaB and DnaG in isolation (Oakley et al., 2005) ; our figure may reflect the stabilizing effect of additional protein-protein and protein-DNA contacts present in an actively elongating replisome. 
The Median Processivity of LaggingStrand Synthesis Is~14 kb
The labeling experiments also revealed that each tract consists of, on average, one OF at 1-2 nM primase (Figures 6A and 6B), whereas > 50% of tracts contained two or more OFs at R 4 nM primase. If each tract contained only one OF, then we can assume that lagging-strand synthesis terminated owing to the inherent processivity of the polymerase, rather than any other event such as either collision with or sensing of the downstream primer. We therefore pooled all dsDNA tract lengths from end-point experiments conducted at 1-2 nM primase (from Figure 4) , rejecting OFs abutting the anchor point. The median length was 13.6 kb (n = 422; Figure 6C ). We also report the median OF length from the OF labeling experiments above at 1-2 nM primase (Figure S6A) , which are in close agreement, at 17.8 kb (n = 62). These figures are remarkably similar to the burst distances between pauses on the leading strand measured from the live-imaging experiments lacking primase ( Figure 3C ; median, 19 knt). Thus, we speculate that leading-and lagging-strand polymerases are biochemically equivalent, although the different interactions with components of the replisome confer distinct phenomenological differences on each polymerase. Figure 6D shows a representative field, false-colored with the starting material in red and the same field at 400 s in grayscale. Most template molecules were elongated by leading-strand synthesis only. However, duplex DNA appeared behind the template on 36 molecules (N = 5), showing priming and OF synthesis in the expected net 5 0 -3 0 direction toward the anchor-point. Of the 36 lagging-strand synthesis events, 30 (83%) emerged directly (% 2 pixels; $3.6 knt ssDNA,SSB) behind the template, showing that the lagging-strand polymerase is initially associated with the replisome. The median lagging-strand length was 23 kb (n = 20; range 10-57 kb; Figure S6B ). Thus, the processivity of Okazaki fragment synthesis observed live approximates that of the equivalent end-point determinations, though over a much smaller sample size. Despite all lagging-strand events initiating at the fork, the lagging-strand polymerase is eventually located several microns from the fork. We suspect that this separation results from spontaneous dissociation, with rebinding prevented by flow and the lagging-strand polymerase either remaining associated with the replisome or the Okazaki fragment. In end-point experiments where the sample size is higher ( Figure 6C ), 88 molecules ($15%) show more than one Okazaki fragment, demonstrating that the lagging-strand polymerase usually remains as a component of the replisome.
Real-Time Observation of Okazaki Fragment Synthesis
By monitoring the fluorescence profile of lagging-strand synthesis with time ( Figure 6E ), we could deduce the rate of leadingand lagging-strand synthesis simultaneously. Figure 6E shows the 1D fluorescence line profile of a representative molecule (molecule 1, Figure 6D) ; initially, the molecule exhibits only leading-strand synthesis, but $80 s after initiation, a fluorescent tract resulting from OF synthesis appears behind the template and elongates over the next $40 s. Figure 6F shows individual video frames and Figure S6C shows a kymograph of the same molecule during OF synthesis (from $80 to 120 s; 10 s steps) and also leading-strand-only synthesis after OF completion (from $120 s; 40 s steps). Figure 6F shows that the linear extension of the OF in molecule 1 with time occurs at a rate of 485 ± 31 nt,s À1 ; the 13.2 kb OF is completed at $120 s because the lagging-strand polymerase runs into the anchor ( Figure S6D , i); leading-strand synthesis continues simultaneously during this period at 532 ± 26 nt,s À1 ( Figure 6F , lower right). Thus, we observe similar rates of synthesis on both the leading and lagging strands by the same replisome. Replication also displayed some of the characteristics determined above for leading-strand synthesis where leading-strand polymerases paused, and template molecules occasionally unwound during leading-strand pausing ( Figure S6D, iii) . Figure 6G shows the trajectories of Okazaki fragment synthesis for the three molecules identified in Figure 6D . OFs were extended linearly with time, but interspersed with pauses, as observed for leading-strand only synthesis ( Figure 3A ). The burst rates of extension followed a Gaussian distribution ( Figure 6H ) with a mean of 550 ± 160 nt,s À1 , similar to the 510 ± 190 nt,s
À1
observed for leading-strand-only synthesis ( Figure 3B , top). Thus, the burst rate of polymerization is the same on both the leading and lagging strands; the polymerases function autonomously.
DISCUSSION
By observing replisome action on single molecules of DNA under conditions in which excess polymerases were removed, we have shown that the leading-and lagging-strand polymerases function autonomously. Surprisingly, leading-strand synthesis occurs in irregular bursts with spontaneous pauses independent of priming. During such pauses, helicase speed is reduced by about 80%, but when the leading-strand polymerase catches up with the helicase, the helicase resumes at full speed. Our data also show that the median processivity of lagging-strand synthesis at limiting primase is $14 knt and confirms that the frequency of lagging-strand priming directly relates to primase concentration. Finally, we have shown that rates of replication on the leading and lagging strands are similar and that they are neither regulated by nor responsive to DNA priming nor primase.
Leading-and Lagging-Strand Polymerases Function Autonomously within a Single Complex
The classical view of DNA replication is uninterrupted leadingstrand synthesis, with virtually infinite processivity, whereas a series of slower, rate-limiting steps is required to yield an OF. It has been assumed that lagging-strand synthesis must be faster to accommodate these slower steps. Our data suggest an alternative view in which polymerases within the replisome function autonomously. We find that replisome processivity changes little over a wide range of primase concentrations and that the leading-strand polymerase can function in the complete absence of primase. The polymerases share biochemical identity, and our data show that the single-turnover activity of leading-and lagging-strand polymerases is remarkably similar: burst rates and lengths on the leading and lagging strands are very closely matched. Lagging-strand processivity, revealed only at limiting primase concentration, is surprisingly high-much higher than physiological OF lengths-with a median of $14 knt. In contrast, although leading-strand processivity is much higher, with a median of $70 kb, the leading-strand polymerase displays an interesting propensity to pause every $19 knt, which is curiously close to the processivity of the lagging-strand polymerase.
Given that the burst rates are similar, this observation suggests that a rate-determining lifetime of the leading-and laggingstrand polymerase within the replisome is similar (Figures 3  and 6 ). This observation lends credence to the view that the two polymerases are autonomous.
Leading-Strand Replication Is Kinetically Discontinuous and Punctuated by Pauses and Rate Switching
Our data show that the leading-strand polymerase synthesizes DNA in kinetically discontinuous bursts, with pauses in between. However, the nascent 3 0 terminus is localized near the helicase and available for elongation, so the resulting strand is chemically continuous. Priming the leading strand thus seems unnecessary for the short-term operation of the replisome, at least for the processivities we observe of tens to hundreds of kilobases. But for genomic DNA, however, a chemically discontinuous leading strand would be created at a lesion by priming downstream in the ssDNA between the polymerase and uncoupled helicase; in cells, the gaps could be filled and ligated later. Two independent sources of evidence support our view: (1) Okazaki's original work suggested that all the pulse label was in short fragments (Okazaki et al., 1967) , and (2) leading-strand priming is required for the bypass of leading-strand lesions (Yeeles and Marians, 2011). In our rolling-circle assay, a single leadingstrand discontinuity would terminate replication, as DnaB would unwind and run off the circular template. The single most likely cause of replication termination in our experiments is thus any long-lived pause or dissociation of the leading-strand polymerase lasting > 110 s (if unwinding of an 8.6 kb template occurs at $80 bp,s À1 ) or a chemical discontinuity on the leading-strand.
Under most circumstances, disengagement or microscopic dissociation from the nascent 3 0 terminus does not lead to termination because the polymerase is tethered to the helicase via t, preventing macroscopic dissociation.
We note that previous single-molecule replication work was unable to deconvolve leading-and lagging-strand synthesis in reactions where the DNA was directly imaged: either no replication products were observed in the absence of primase (Tanner et al., 2011) or product detection required removal of SSB and hybridization of oligonucleotides to the leading strand to visualize molecule lengths at an end point (Georgescu et al., 2014; Yao et al., 2009) . Moreover, the use of a minicircle template precluded the detection of pauses < $1.3 s. Our larger rolling-circle substrate ($8.6 kb) permitted measurement of both the position and intensity of the template in real time, enabling us to both assess the role of primase in replication and correlate leadingstrand synthesis pausing with template unwinding.
How do leading-strand pauses arise? The two most likely explanations are that the polymerase stalls at difficult-to-replicate DNA, which would be manifest as uncoupling of unwinding and replication, and that the helicase itself pauses at difficult-to-unwind secondary structure, which would manifest as a pause with no associated unwinding. However, a third possibility is that the polymerase randomly dissociates from either b or from DNA, as outlined above, either of which would require the reloading of b for continued synthesis. All these behaviors are observed in our data. We could identify no pattern to pausing, as mapping the pause positions yielded no strong pause sites. Our data suggest that the leading-strand polymerase pauses every $19 knt. However, the time resolution of our pause detection is $3-4 s, and furthermore, any futile cycles of polymerization and unwinding without significant fork movement would not be detected. The pause durations (median = 13 s) were exponentially distributed-short pauses are under-represented-so our figure of $19 knt for the kinetic burst size is likely to be an overestimate, and the average pause time is likely to be an overestimate. Taken together, our data show that leadingstrand synthesis is unexpectedly dynamic, with kinetic pauses every few seconds. Below, we discuss the implication of these pauses for the interplay between unwinding and leading-strand synthesis.
The Replicative Helicase Incorporates a Fail-Safe Mechanism that Operates if Leading-Strand Synthesis Is Paused We have shown that the speed of DnaB helicase unwinding is adjusted to match whether the leading-strand polymerase is actively elongating (high speed) or not (low speed). This finding concurs with our estimates of reduced helicase speed when interaction with the polymerase is disrupted (Kim et al., 1996) . Our observations rationalize a long-observed disparity between the E. coli DnaB unwinding rate in isolation compared with that in the replisome (Kim et al., 1996; Ribeck et al., 2010; Yeeles and Marians, 2013) and support ensemble data obtained with the T7 replisome (Stano et al., 2005) . Data from magnetic tweezer experiments revealed that the geometry and force imposed on DnaB may affect its speed (Ribeck et al., 2010) , so perhaps the leading-strand polymerase, or its connection to the helicase via t, may impose such a geometry or force. EM and crystallographic data imply that the N-terminal collar domain of DnaB adopts several conformational states, including ''constricted'' and ''dilated,'' and it has been proposed that DnaC, primase, and t may each effect the transitions between these states (Strycharska et al., 2013) . Modulation of helicase speed, independent of primase, raises the possibility that helicase pausing results from slippage of the bipartite interaction between DnaB and the C-terminal domain of t (Dallmann et al., 2000; Tougu et al., 1994) , which binds core polymerase.
During a pause by DNA polymerase, where DnaB continues to unwind, the helicase does not necessarily physically disengage from the polymerase. The linkage connecting t with core polymerase via DnaB is long and proline rich; with condensation of intervening ssDNA between helicase and polymerase by SSB (Bell et al., 2015) , very long loops-up to several kilobases long-could be extruded between the two. This observation may partly explain why a deficiency in the SSB-c interaction affects leading-strand polymerase stability (Marceau et al., 2011) . Indeed, only 35% of polymerases (22 out of 62) did not find their way back to the helicase following a leading-strand pause. Our data suggest that leading-strand pauses of several minutes can be tolerated by the replisome and is entirely consistent with our previous observation of the spontaneous bypass of leading-strand lesions by replisomes (Yeeles and Marians, 2011) . Under normal circumstances, priming would be biased toward the lagging-strand template based on the relative amounts of ssDNA present. Nevertheless, we can speculate that the leading-strand template might also be primed whenever the helicase moves sufficiently ahead of the polymerase, for instance, when a lesion is encountered on the leading-strand template (Yeeles and Marians, 2013) .
In addition to pausing by the DNA polymerase while the helicase continues, we also observe pausing of the replication fork wherein DnaB stalls. The initiation of DnaB loading and movement is well regulated, but it would now appear that so, too, is its continued translocation during genome duplication. The most likely rationale for this plasticity is to reduce the rate of uncoupled unwinding of dsDNA, which would otherwise produce long tracts of SSB,ssDNA. DNA unwinding during replication therefore incorporates a fail-safe mechanism, akin to a ''dead-man's switch,'' that prevents the production of long tracts of ssDNA should the leading-strand polymerase disengage or encounter a lesion.
Priming Frequency of the Lagging Strand Is Tuned to the Processivity of the Lagging-Strand Polymerase Our data show that the frequency of lagging-strand priming far exceeds the inherent processivity of the polymerase. Priming more frequently than required may thus ensure that no large gaps are left in the genome. One outstanding question is therefore how such frequent OF synthesis can be accommodated without significantly slowing down the replication fork. It seems, from our data, that at maximal primase concentration, wherein OFs are synthesized every $3 knt on average, the lagging-strand polymerase must dissociate from DNA and cycle to the next primer every $6 s. Our data imply that the steps beginning from primer synthesis to the binding of core polymerase at a b-loaded 3 0 primer terminus do not significantly slow replisome progression or otherwise occur on a timescale faster than the mean OF lifetime. Our observation here that both the leading-and lagging-stand polymerases can pause DNA synthesis every $19 kb, in a primase-and priming-independent manner, offers a rate-limiting mechanism for matching the speeds of both polymerases.
One aspect not directly addressed by our data is the precise mechanism by which the polymerase cycles to the next OF. It is now generally accepted that most OFs are not replicated to a nick and that the lagging-strand polymerase dissociates prematurely, leaving behind a gap of tens of nucleotides. This phenomenon is often termed ''signal release' ' (Wu et al., 1992b) , and it has been suggested that the free 3 0 primer terminus, not primase, acts as the trigger (Yuan and McHenry, 2014) . Our data are most consistent with such a model.
A Stochastic View of Replisome Behavior
A central question in understanding replisome action is the mechanism by which the rates of leading-and lagging-strand synthesis are coordinated to ensure that unreplicated regions are not produced. Various solutions to this problem have been proposed. Many posit that for the additional enzymatic steps necessary for lagging-strand synthesis to be accommodated, the lagging-strand polymerase must synthesize DNA at a significantly faster rate than the leading-strand polymerase (Georgescu et al., 2014; Pandey et al., 2009; Selick et al., 1987) . In this manner, one would not expect the generation of significant gaps in the nascent lagging strand.
Our data indicate that such a deterministic model is unnecessary. The assumption that the rates of both polymerases are constant and are defined by their mean rates is flawed. We have shown that, whereas the mean rates of the leading-and lagging-strand polymerases are the same within error (510 ± 190 nt,s À1 versus 550 ± 160 nt,s À1 , Figures 3B and 6H) , the rate profiles of individual polymerases are neither constant nor identical; they can randomly change to a new velocity within the Gaussian distribution. This intrinsic variability of rates, which reflects a molecular and switchable heterogeneity, had been demonstrated to be a manifestation of ergodic behavior in translocation rates of RecBCD enzyme (Liu et al., 2013) . Our data, collected from fully assembled active replisomes, show that the rate of any polymerase can vary by 10-fold within the ensemble. This implies that, at any given time, the leadingstrand polymerase can be synthesizing DNA at a rate faster than the lagging-strand polymerase, and vice versa. The sampling of wide distributions of rates and stochastic polymerase pausing obviates the need to impose differential rates for ''coordinated'' replication. This fluctuation in rates solves the coordination problem, with the leading-strand polymerase switching rates potentially every 15-20 kb after it pauses and the lagging-strand polymerase switching rates likely after each time that it initiates the synthesis of a new Okazaki fragment. Whereas transient gaps may form on any DNA template, they will be filled in over a short time range as the rates of synthesis vary. Such a statistical view of polymerase synthesis predicts a heterogeneous distribution of Okazaki fragment length on any particular DNA template, as we have observed here and as was observed using the bacteriophage T4 replication system (Chastain et al., 2000) . Thus, we propose that the replisome solves the coordination paradox not by a deterministic regulated mechanism, but rather by stochastically sampling from a distribution of rates, a view that is consistent with existing data without invoking coordination.
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EXPERIMENTAL MODEL AND SUBJECT DETAILS
Source organism All proteins used herein were purified from Escherichia coli K-12 strains (BL21(DE3) and DH5a) as described below. The replication template, M13Ophrys, was purified from E. coli XL2-MRFʹ as described below. The ssDNA calibration standard, lGap, was generated from lKytos (Bell et al., 2012) , which was purified from E. coli LE392. 
METHOD DETAILS Microscopy
Microscopy was performed on an Eclipse TE2000-U, inverted TIRF microscope (Nikon), using a CFI Plan Apo TIRF 1003, 1.49 numerical aperture, oil-immersed objective, and 488 nm and 561 nm lasers, as previously described (Amitani et al., 2010; Forget et al., 2013) . Reactions were performed in single-use flow-channels, formed as described below. The replication template was an 8.6 kb Form II derivative of M13mp7 bearing a 5 0 biotinylated dT 50 flap, anchored to the surface via biotin-streptavidin linkage. The microscope was fitted with a CRISP autofocus system (ASI Instruments). The temperature of the flow-cell was maintained at 37 C throughout by a heated jacket fitted around the objective fed from a thermostatically controlled water bath. Images were captured using a DU-897E iXon EMCCD camera (Andor, 100 ms exposure), with an effective pixel size of 162.9 nm at 100 3 magnification.
Coverslip preparation
Coverslips (FisherFinest #1, 22 mm square) were subjected to a 30 min piranha clean (3 parts H 2 SO 4 (conc.) to 1 part 30% (v/v) H 2 O 2 ), followed by submerging four times in MilliQ water and 30 min methanolic KOH ($1.3 M) treatment with sonication. After submerging a further four times in MilliQ water, coverslips were submerged twice for 10 min in CMOS-grade acetone (JT Baker), the second time with sonication. Coverslips were functionalized with primary amine groups using (3-aminopropyltriethoxy)silane (Sigma; 2% (v/v) in acetone) for 5 min with agitation, submerged an additional four times in MilliQ water, and baked at 120 C for $30 min to cure the silane. After cooling, coverslips were PEGylated by applying a viscous mixture of PEG and biotin-PEG to one side of the coverslip; a second coverslip was placed on top of the first to make a sandwich, and a third non-functionalized coverslip placed along the edge of the sandwich to aid prising apart of the PEGylated coverslips. The outside faces of the sandwich were scribed to aid identification of the PEGylated side (Tanner and van Oijen, 2009) . PEGylation was at room temperature in the dark for $3 hr, in 100 mM NaHCO 3 (pH 8.4) with a mix of 1:50 biotin-PEG-NHS ester to mPEG-NHS ester (Nanocs); total final PEG concentration $15% (w/v). Following 4-5 rinses using a jet of MilliQ water, coverslips were dried under a stream of N 2 gas and stored in the dark, under vacuum, at room temperature, for up to two weeks before use.
Flow-cell assembly
Each flow-cell consisted of three independent single-use channels, each of which had its own inlet and outlet port. Holes of $1 mm diameter, 10 mm apart, were etched in standard 25 3 75 mm uncoated glass microscope slides with an Epilog CO 2 laser cutter followed by drilling (Forget et al., 2013) . Slides were cleaned by immersion in 2% (v/v) Hellmanex III solution overnight followed by sonication for 30 min in methanolic KOH ($1.3 M). Inlet and outlet ports, made of $1 cm long PEEK tubing (Upchurch Scientific, #1532) were sharpened using a rotary sander, inserted into the cut holes of the microscope slides, and glued in place using a five-minute epoxy (Loctite). Once the epoxy had set, the sharpened ends of the PEEK tubing were trimmed with a razor blade. Three 2.5 3 12.5 mm channels were cut using a Craft Robocutter (GraphTec) in 19 3 19 mm squares of double-sided tape (3M #9437; thickness 51 mm), and flow-cells were assembled with double-sided tape sandwiched between slide and coverslip. The resulting flow-channels were 2.5 3 12.5 3 0.051 mm ($1.6 ml). For live reactions, the channels were cut with dimensions of 1.25 3 12.5 3 0.051 mm, resulting in a flow-cell volume of $0.8 ml.
Replication template An 8.6-kb derivative of M13mp7 circular ssDNA bearing the attB integration site for fC31 integrase (M13Ophrys) and an ampicillin resistance gene was used as template (Bell et al., 2012) . M13Ophrys was purified as follows. First, a phage stock was prepared by transforming the double-stranded form of the vector into DH5a and plating on LB agar containing 100 mg/ml ampicillin at 37 C. The following day, 25 mL of 'GB' medium (LB containing 8.5 mM KH 2 PO 4 , 36 mM K 2 HPO 4 , and 0.5% (v/v) glycerol), containing 100 mg/ml ampicillin was inoculated with a single colony from the agar plate and grown overnight at 37 C with shaking at 200 rpm. E. coli cells were pelleted by centrifugation at 4,000 x g for 30 min and the supernatant containing phage retained. Phage was precipitated by the addition of 0.5 M NaCl, 5% (w/v) PEG-8000 (final concentrations) to the supernatant on ice for 2 hr, pelleted by centrifugation at 4,000 x g for 30 min, and resuspended in ice-cold buffer containing 25 mM Tris-HCl (pH 7.5 at 4 C), 10 mM Mg(OAc) 2 , 100 mM NaCl, and 50% (v/v) glycerol. The phage stock was stored at -20 C until use. To generate the circular ssDNA form of M13Ophrys, E. coli XL2 Blue-MRFʹ was streaked on LB agar containing 34 mg/ml chloramphenicol and grown overnight at 37 C. In the morning, a single colony was inoculated into 3 mL of GB medium (above) containing 34 mg/ml chloramphenicol in a test tube, and incubated at 37 C with shaking at 200 rpm. After $4 hr, once the culture had become turbid, 100 ml of the phage stock generated above was added and growth continued at 37 C for $2 hr. 100 mL of GB medium (above) containing 34 mg/ml chloramphenicol and 50 mg/ml ampicillin was inoculated with 100 ml of the phage-infected culture, and growth continued overnight at 37 C. 50 mL of the culture was pelleted the following morning by centrifugation at 4,000 x g; the supernatant containing phage was retained and pelleted as described above. Circular M13 ssDNA was purified using a QIAGEN maxiprep kit, using buffers supplied by the manufacturer, and with the protocol modified as follows: phage pellets were resuspended in 10 mL Buffer P1; 10 mL Buffer P2 was added, mixed gently, and incubated for 5 min to lyse the phage. 10 mL Buffer P3 was added to neutralize the sample and precipitate the protein, SDS and DNA for 10 min, followed by clarification by centrifugation at 4,000 x g for 30 min. The clarified supernatant was further filtered through a Kimwipe using a 50 mL plastic syringe. A single QIAGEN tip-500 column was equilibrated with 15 mL Buffer QBT. The clarified lysate was added to the column and allowed to enter the resin bed. The column was washed with 5 mL of ssDNA wash buffer (50 mM MOPS (pH 7.0), 900 mM NaCl, 15% (v/v) isopropanol), then twice further, each time with 30 mL ssDNA wash buffer. Circular DNA was eluted with 20 mL of 50 mM MOPS (pH 7.0), 1 M NaCl, 4 M deionized urea, 15% isopropanol; precipitated with the addition of 14 mL of isopropanol; and pelleted by centrifugation at 4,000 x g for 60 min. The DNA pellet was washed twice with 10 mL of room temperature 70% (v/v) EtOH, and dissolved overnight at 4 C in 100 ml TE buffer (10 mM Tris-Cl (pH 8.0 at 4 C), 1 mM EDTA). The purity and integrity of the substrate was verified by 0.8% alkaline and neutral agarose gel electrophoresis.
To generate the rolling-circle template, oligonucleotide oJEG38 (5 0 -TTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTT TTTTTT AATTCGTAATCATGGTCATAGCTGTTTCCT-3 0 ), bearing a 5 0 biotin-triethylene glycol moiety and 50-nt flap, was synthesized (Integrated DNA Technologies) and purified by urea-PAGE and avidin-agarose. The oligo was annealed to M13Ophrys via 30 nt of complementarity and extended using T7 DNA polymerase (NEB) in the presence of 200 mM dNTPs to create a biotin-tailed Form II template. Extension of the primer to generate a nicked circle was monitored by 0.8% alkaline and neutral agarose gel electrophoresis of the products. Products were purified by two rounds of phenol-chloroform extraction followed by ethanol precipitation.
Recombinant proteins
Untagged E. coli DnaB, DnaC810, wild-type primase (DnaG), b (DnaN), SSB and Pol III* were purified as described (Hiasa and Marians, 1996; Marceau et al., 2011; Marians, 1995; Xu and Marians, 2000) . Mutant E. coli primases (D269A, D269Q) bearing N-terminal TEV-cleavable His 6 -tags, were purified as follows. Primase was overexpressed in E. coli BL21(DE3) by adding 1 mM IPTG to the culture at OD 600 $0.8 for 4 hr at 37 C. Cells were lysed by passage twice through a French press (12,000 psi) in 50 mM Tris-Cl (pH 7.5 at 4 C), 10% (v/v) glycerol, 150 mM NaCl, 20 mM EDTA, 1 mM DTT, 1 mM PMSF, and 20 mM spermidine, and debris removed by centrifugation at 44,000 3 g for 20 min. The pH of the lysate was adjusted to 8.0 using solid Tris base. Following lysis, genomic DNA was precipitated and removed by dropwise addition of a 10% (v/v) solution of Polymin P (pH 8.0) to 0.04% (v/v) and centrifugation at 30,000 3 g for 20 min. Protein in the resulting supernatant was precipitated with 50% saturated ammonium sulfate and centrifuged as above. The pellet was dissolved in $50 mL of 50 mM Tris-Cl (pH 7.5 at 4 C), 10% (v/v) glycerol, 500 mM NaCl, 10 mM imidazole and dialyzed for 2 hr against the same buffer in a volume of 4 L. The dialysate was applied to a 5 mL HisTrap column (GE) and protein eluted in a gradient of 0-500 mM imidazole over ten column volumes. Pooled fractions ($30 mg) were diluted to 50 mL by 50 mM Tris-Cl (pH 7.5 at 4 C), 10% (v/v) glycerol, 10 mM NaCl; 1.4 mg His-tagged TEV protease was added for cleavage overnight at 4 C. The cleaved protein was reapplied to the HisTrap column as above, and untagged primase collected in the flow-through. Cleaved mutant primase was dialyzed $2 hr against 50 mM Tris-Cl (pH 7.5 at 4 C), 10% (v/v) glycerol, 10 mM NaCl, 1 mM EDTA, 5 mM DTT (Buffer A) and diluted $3-fold for application to a 5 mL HiTrap heparin column equilibrated with the same buffer. The flow-through was reapplied twice to the column. Protein was eluted in a 10-600 mM NaCl gradient over ten column volumes; DnaG eluted at $125 mM NaCl. Approximately 9 mg total protein was obtained. The protein was dialyzed against Buffer A, applied to a MonoQ (10/10) column equilibrated with Buffer A, and eluted with a 10-500 mM NaCl gradient over ten column volumes. The pure fractions (6.6 mg protein) were dialyzed against 50 mM Tris-Cl (pH 7.5 at 4 C), 50 mM NaCl, 1 mM EDTA, 5 mM DTT, 38% (v/v) glycerol, and snap-frozen in liquid nitrogen for storage at -80 C. The mutant primase preparations contained no detectable ssDNA or dsDNA nuclease activity.
Preparation of flow-cells for imaging
Single-molecule imaging buffer (SMB) contained: 50 mM HEPES-KOH (pH 8.0), 10 mM magnesium acetate, 25 mM KCl, 15% (w/v) sucrose. DTT (50 mM) was added in powdered form fresh to the buffer on the day of use; the buffer was passed through a 0.22-mm syringe-driven filter and degassed for $4 hr. Each flow-channel was prepared immediately before use by pipetting in the following sequence: 100 mL SMB; 100 mL SMB containing 0.1 mg/ml streptavidin (Promega; $21 C, 2 min); 100 mL SMB. The flow-cell was then connected to the injection system using $5 mm pieces of PharMed tubing (Bio-Rad) to connect the PEEK tubing to the inlet and outlet ports. All surfaces, including connecting tubing, were blocked against nonspecific binding by flowing 1 mL of SMB containing 1% (w/v) blocking reagent (Roche; cat. 11096176001) through the flow-cell at 10 ml,h -1 . Blocking reagent was removed by flowing another 1 mL of SMB through the system at 10 ml,h -1 . The replication template was adsorbed to the surface by introducing SMB containing $10 pM (molecules) replication template and 75 nM SYTOX Orange into the flow-cell. The density of DNA molecules could be adjusted by a 10-fold concentration of template (from 10 to $100 pM) and time (from 1 to $10 min) without buffer flow; for endpoint reactions, a lower density of molecules was preferred so that molecules would not overlap when elongated by replication.
Rolling-circle replication reactions
The overall experimental scheme was to first attach an 8.6 kb template via a 5 0 biotinylated tail to the surface ('anchor'). Next, idling replisomes were formed by introducing DnaB, DnaC810, Pol III*, b, three out of the four dNTPs, and all rNTPs. Following a wash to remove unbound proteins, replication was initiated by adding dTTP and flow-stretching the DNA. SSB, b and primase were present in flow.
Specifically, following adsorption of DNA to the surface and the removal of excess DNA once the desired density of template had been achieved, the syringe, lines and flow-cell were equilibrated with wash buffer ('WB'; SMB (as above) plus 1 mM ATP, 200 mM each CTP, GTP and UTP, 40 mM each dATP, dCTP and dGTP [no dTTP], and 75 nM SYTOX Orange). On the day of use, replication proteins were diluted to fifteen times the required concentration from stock in a buffer containing 50 mM Tris-Cl (pH 7.5), 10 mM betamercaptoethanol, 1 mM EDTA, 100 mM NaCl, 500 mg/ml BSA, and 20% (v/v) glycerol (protein diluent, 'PD'). Reactions were performed in two stages: a pre-incubation ''bind'' mix (50 ml) contained 60 nM DnaB (as hexamer), 380 nM DnaC810, 20 nM Pol III*, 30 nM DnaN (b, as dimer), and 10 mg/ml BSA in WB (with additionally one-fifth equivalent of PD). Primase was not added to the pre-incubation mix. Flow-cells were washed with 25 mL WB ($90 s, 1,000 ml,h -1 ), after which reactions were initiated with a ''start'' mix (60 mL for end-point reactions; 150 mL for live reactions), containing 320 nM primase, 250 nM SSB (as tetramer), 30 nM DnaN (b, as dimer), 40 mM dTTP (in addition to the other three dNTPs), and 10 mg/ml BSA in WB (with additionally one-fifth equivalent of PD). Preincubation, wash, and start mix were injected in-line into the flow-cell using a system of injection loops driven by a syringe pump. Flow was maintained at 1,000 ml,h -1 during the pre-incubation and wash stages, and was altered as appropriate during the reaction (below). The volume required to initiate the reaction was determined empirically by injecting fluorescent dye into the flow-cell. For dropout and titration experiments, the concentration of protein was varied as appropriate (see main text).
End-point replication reactions
For end-point reactions, flow was reduced to 100 ml,h -1 without constant laser illumination; reactions were only periodically illuminated with the 561 nm laser to check the progress of the reaction. At 10 min, reactions were quenched by injection of 50 mL SMB containing 75 nM SYTOX Orange, 1 mM AMP-PNP, 40 mM each dATP, dCTP and dGTP and ddTTP, at 4,000 ml,h -1 . The flow-cell and lines were washed and equilibrated with SMB lacking magnesium acetate, plus 15 nM SYTOX Orange (''end-point imaging buffer''). The removal of Mg 2+ ion (i) prevented further DNA synthesis; (ii) improved the signal-to-noise ratio of fluorescence intensity detection, as the affinity of SYTOX Orange stain for dsDNA is higher in the absence of divalent cation; and (iii) relieved the compaction of ssDNA,SSB, improving the resolution of regions of any possible gaps on the lagging strand ( Figure S1F ). Where necessary (main text), the flow was shut off for R 20 s and the molecules allowed to recoil. Between 20 and 50 frames at 100 ms exposure were recorded. All end-products were extended at a flow-rate of 4,000 ml,h Live replication reactions Reactions were performed as described above, except in a flow-cell of half the width ($0.8 mL volume) to permit double the linear flow-rate for a given volumetric flow-rate. Upon starting the reaction with a defined volume of the 'start' mix, the flow-rate was adjusted to 1,250 ml,h -1 , the equivalent of 2,500 ml,h -1 in the end-point reactions above. Movies were recorded at a low level of laser exposure, determined empirically not to cause appreciable photocleavage to l DNA, at a frame rate of 7.4 Hz.
Okazaki fragment end-labeling and imaging
Reactions were performed exactly as for the end-point experiments above, except that at 10 min, 50 mL of SMB containing 1 M NaCl was injected into the flow-cell to remove bound proteins and SYTOX Orange. The high-salt buffer was immediately followed by 400 mL WB at 4,000 ml,h -1 without stopping the flow. Replication products were pulse-labeled by injecting 50 mL of a mix comprising:
30 mM Tris-Cl (pH 8.0 at 25 C), 10 mM magnesium acetate, 10 mg/ml BSA, 40 mM each of dATP, dCTP and dGTP, 20 mM digoxygenin-11-dUTP (alkali-stable, Roche), 26 mM NAD + , 3.3 U DNA Pol I (wild-type, full-length, NEB), 3.3 U E. coli DNA ligase (NEB), and 250 nM SSB (as tetramer), at a flow-rate of 500 ml,h -1 for 5 min. At 5 min, a further 50 mL SMB + 1 M NaCl was introduced to remove bound Pol I and ligase, immediately followed by a further wash of 400 mL WB at 4,000 ml,h -1 , again without stopping flow. Sheep polyclonal anti-digoxigenin F(ab) fragments (Roche), labeled with Alexa Fluor 488 NHS ester (ThermoFisher Scientific) with an average of 3.6 dyes per molecule, were injected into the flow-cell in end-point imaging buffer, at $300 nM molecules; 250 nM SSB (tetramer) was also included to replenish any removed during the high-salt wash. Excess F(ab) fragments and SSB were washed out of the flow-cell and products imaged using the same buffer. There was no appreciable nonspecific binding of labeled F(ab) fragments to the surface. Alexa Fluor 488 and SYTOX Orange signals were imaged on two halves of the EMCCD using a Dual-View apparatus (Optical Insights) and bandpass filters specific to each dye (Chroma), illuminating the sample alternately with the 488 nm and 561 nm lasers. DNA was imaged under a flow-rate of 8,000 ml,h -1 . The 5 0 and 3 0 locations of each OF were inferred from the patterns of 3 0 terminus labeling and the positions of gaps (see Figure 5A ). To estimate the labeling efficiency, we determined the proportion of resolvable ssDNA,SSB gaps which had a detectable focus at their right-hand edge, i.e., the 3 0 terminus of the right-hand OF ( Figure 5A ), which acted as an internal control (Table S1 ).
Preparation of l DNA with an ssDNA gap Bacteriophage M13mp7 ssDNA containing the attB recognition site was used to generate a 500 bp dsDNA fragment containing the fC31 attB at its center by PCR using the Phusion High Fidelity PCR Master Mix from NEB. The dsDNA product was heat denatured, and then annealed to the M13mp7 ssDNA derivative. The gapped l DNA was generated by site-specific recombination between lKytos dsDNA and the annealed M13mp7 ssDNA containing the attB recognition site (M13Ophrys), using fC31 integrase. The fC31 integrase was purified from plasmid pHS62 (Thorpe and Smith, 1998).
Length versus flow-rate for dsDNA and ssDNA,SSB To prepare dsDNA as a calibration standard, a 3 0 -biotinylated oligonucleotide (5 0 -GGGCGGCGACCT-3 0 ) was ligated to l DNA (N 6 -methyladenine-free; NEB) using T4 DNA ligase. For the ssDNA,SSB length calibrations, lKytos DNA bearing an internal 8,155 nt gap (''lGap'') was prepared as described (Bell et al., 2012) and the same biotinylated oligonucleotide ligated. DNA was introduced into a flow-cell as described above and imaged in SMB containing 75 nM SYTOX Orange, 1 mM ATP, 200 mM each CTP, GTP and UTP, 40 mM dNTPs and 250 nM SSB (as tetramer, for the gapped substrate only); then the buffer in the flow-cell was exchanged into SMB containing 15 nM SYTOX Orange, but lacking magnesium acetate and lacking SSB. The first condition mimics the replication reaction conditions, and the second the end-point imaging conditions. The calibrations were performed sequentially to mimic the experiments described above. DNA was imaged at flow-rates between 100 and 9,000 ml,h -1 , and twenty frames recorded and averaged.
Molecules were analyzed as described below. The central gap in lGap could not be resolved below a flow-rate of 2,000 ml,h -1 in the Mg 2+ -free buffer, and 2,500 ml,h -1 in the Mg 2+ -containing buffer. Data were binned and fitted to single Gaussians to determine the mean length (±standard deviation; Figure S1 ).
QUANTIFICATION AND STATISTICAL ANALYSIS
Statistical details of individual experiments, including numbers of observations and replicates, dispersion and precision measures, are as described in the manuscript text, figure legends, and the figures themselves. Specific treatments of data are as described in detail below.
Experimental resolution
Given the maximum wavelength of fluorescence emission for SYTOX Orange is $570 nm, our experiments have a nominal resolution of $285 nm (given the calibrations above and in Figure S1 , $0.9 kb dsDNA, or 2.4 knt ssDNA,SSB under end-point imaging conditions; $1.0 kb dsDNA and 3.2 kb ssDNA,SSB under live imaging conditions). All molecule lengths were converted from a pixel length to base-pairs (for dsDNA tracts) or nucleotides (for ssDNA,SSB tracts) based on the calibrations described above. The time resolution of the experiments is also outlined below.
Live imaging of leading-strand-only synthesis For live reactions, images were averaged using a sliding window average of five frames, and the stack size reduced 5-fold, resulting in a time resolution of $680 ms. A rolling-ball filter of 50 pixels was used to subtract background from the image stacks. For reactions lacking primase, template positions were tracked automatically using the Fiji TrackMate plugin for ImageJ (Schindelin et al., 2012; Tinevez et al., 2017) . The code locates the centers of spots within individual frames of an image stack, then solves a linear assignment problem to link the positions of spots from successive frames together. Spot centers were located using a Laplacian of Gaussian (LoG) detector, with an estimated blob diameter of 8 pixels, applying a median filter and threshold to reduce false positives. Typically, $200-300 spots were found per frame. Because the particles track left to right under flow, a large y-direction penalty was applied during frame-to-frame linking. Track segment gap closing was permitted with a typical maximum distance of 10 pixels and gap of 3 frames, to account for frames in which spots were not detected owing to fluctuations in flow.
This process typically generated up to a thousand tracks, most of which were exceedingly short (several pixels long), resulting either from template that does not move (i.e., did not have a loaded replisome), or which moved only a short distance. Therefore, a further filter was applied to remove low-quality tracks that had < 50 spots (with a frame interval of $0.7 s), and moved 5 pixels ($9 knt). This process reduced the number of tracks to $100-150, of which only $50 were uninterrupted by another molecule. Tracks were also manually inspected to ensure that the linking algorithm did not aberrantly link the trajectories of two adjacent spots together. All data were manually inspected for mistracking artifacts such as the proximity of a non-moving or paused template molecule, by using both the overlay of the spot positions on the data and the shape of the resultant tracks.
Track displacements were determined using a Python script to extract the track coordinates and calculate the template displacements from the XML output of TrackMate. The displacement in pixels was converted to a nucleotide displacement value using the calibrations determined above. Pause positions and burst velocities were determined by fitting the traces piecewise to threesegment lines by a non-linear least-squares method (GraphPad Prism), constraining the velocity of the middle segment to zero.
Template intensities were determined using a custom-written ImageJ macro, using a circle of radius 5 pixels drawn at the fitted template position in each frame. Background intensities were subtracted from the data using a circle of 5-pixel radius drawn above or below the midpoint of the template track. The intensity in each track was normalized, assuming the maximum intensity would correspond to the template size ($8.6 kb). Unwinding velocities were determined by linear fits to the normalized intensity data, using the pause points determined above to define the periods of unwinding. Only unwinding rates from active replisomes were determined, although data were pooled from terminal unwinding events and unwinding events that occurred midway through synthesis.
Processivity values were determined independently of the TrackMate method by projecting the maximum intensity per frame over the image stack to generate a composite image showing the tracking of the template over time. The length of the track at the reaction end-point could thus be measured using the end-point procedure described below.
Replication fork rates were determined from a single-segment linear fit, using the initiation and termination points of the fork as start and end points of the line.
Live imaging with primase
Frames were averaged using a seven-frame sliding window, resulting in a time resolution of $1 s. The LoG tracking method above could not sufficiently distinguish between template and the tail of duplex DNA behind the replication fork. We therefore used an edgedetection method using a custom-written routine in Igor Pro (Wavemetrics). The intensity values of a 1D line profile (of constant coordinates across the image stack) were taken across the molecule of interest, incorporating a $10-20 pixel flanking region on each side of the molecule for calculation of an internal signal-to-noise standard. A low-pass frequency filter was applied to reduce noise and the first-order differential of the data calculated to locate the intensity change-points. The background signal was then used to calculate a detection threshold, using the background plus an arbitrary number of standard deviations above the mean (between 3 and 6, depending on the inherent signal-to-noise of the data). Positive (dsDNA tract start) and negative (dsDNA tract end) peaks in the first-order differential exceeding the threshold were located using Igor Pro's level-detection function. This method resulted in the occasional detection of spurious edges, which could be eliminated by changing the number of standard deviations used for the thresholding (at the expense of sensitivity), and by using a sliding-window algorithm to eliminate outliers. Replication fork rates were thus determined by a linear fit to the data from initiation to termination, ignoring any pauses during the elongation phase. All pixel values were converted to a leading-strand length value, taking into account the ssDNA,SSB or dsDNA content of the product at a particular time-point. The same edge detection method was used for the special case of limiting primase (1 nM in flow) as per Figures 6 and S6 and Movie S5. Growth of the Okazaki fragment, as well as progression of the fork, was isolated and monitored, fitting the OF data piecewise to three-segment lines as necessary, as described above. Molecules whose paths coincided with stationary template were rejected.
Lengths of replication end-products
End-point images, acquired in the absence of Mg 2+ ion as described above in End-point replication reactions, consisted of stacks of $20-50 images of each field with the flow on or off, as necessary ('flow-on' or 'no-flow', respectively). The signal-to-noise of these images was inherently higher than for the live imaging data owing to the absence of Mg 2+ , so further denoising was unnecessary.
Image stacks (with or without flow) were median-averaged, then normalized by dividing by the 'flat' image, also described above. For molecules where 'no-flow' data were acquired, a composite image of the 'flow-on' and 'no-flow' background-corrected images was created by false-coloring the grayscale data, with the images overlaid but treated as separate channels ( Figure S2 ). Molecules were analyzed by using a custom-written routine in Igor Pro (Wavemetrics). The routine entails drawing a 1D line profile manually across the molecule of interest; the start-and end-points of dsDNA tracts are then located by taking the first-order differential of the 1D profile, and finding the crossing-points above a threshold, which was defined as at least three standard deviations above the mean of an equivalent background 1D profile. For molecules that were subjected to the flow-cycling analysis to locate anchor points, the anchor was assigned as the peak of the fluorescence along the same 1D profile in the 'no-flow' channel of the composite image. The uncertainty introduced by this method is outlined with a dsDNA control in Figure S2C . We define 'tracts' as any contiguous pieces of SYTOX Orange-stained dsDNA without a resolvable gap (> 1.2 knt), but a 'tract' at higher primase concentrations might consist of multiple OFs ( Figure 4A ).
Determination of Okazaki fragment terminus
Background-corrected images (using a 'flat' image; see End-point replication reactions above) from Alexa Fluor 488-labeled 3 0 ends and SYTOX Orange-stained dsDNA were registered and overlaid to make a composite image, using at least ten fiducial markers present in both channels across a number of fields. The ''Landmark Correspondences'' plugin of Fiji was used for registration (Schindelin et al., 2012) ; rigid body rotation and translation of the SYTOX Orange image was allowed. The intensity profile of a molecule of interest was taken from a line profile in the SYTOX Orange channel (dsDNA); dsDNA tract and gap positions were determined as above. The same line coordinates were used to generate the Alexa Fluor 488 intensity profile as the SYTOX Orange channel; Okazaki fragment 3 0 termini were located on the line by fitting an arbitrary number of peaks to the intensity profile using Igor Pro's multi-peak fitting package, with a constant linear baseline. The mean and standard deviation of the background were determined from a line drawn outside any molecules of interest; only peaks that were at least three standard deviations above the background mean were considered. Our method also labels the circular template, which is ignored in this analysis ( Figure 5A ).
To determine the precise locations of 3 0 termini in replication products, a 1D line profile was taken across each molecule based on its SYTOX Orange fluorescence intensity. The 1D line profile of Alexa Fluor 488 intensity was then fitted to a series of Gaussian peaks; Figure S5 shows fits for data at 320 nM (A), 10 nM (B) and 1 nM (C) primase; the flow-cycling method above was only necessary at 2 nM primase and below. We then used the positions of the foci to calculate mean OF lengths and priming distances as a function of primase concentration.
DATA AND SOFTWARE AVAILABILITY
Four custom scripts used in this study have been made available at: https://github.com/jegra83/Cell_2017.
End-product flow and tract analyzer.ipf is an Igor Pro (WaveMetrics) macro both for measuring the lengths of replication end-products and finding the positions and lengths of dsDNA tracts from SYTOX Orange fluorescence micrographs, as defined in Figure 4A . The macro detects the edges of tracts by taking the first derivative of a 1-dimensional (1D) line profile drawn across a molecule of interest. Anchor points are determined, where appropriate, from images where the flow was turned off. The user positions cursors on an image flanking the molecule of interest; tract positions are shown interactively on a 1D fluorescent line profile, so false positives can be identified. Positions of the starts and ends of ssDNA,SSB and dsDNA tracts recorded within a text file for subsequent calculations, using the calibrations of Figure S1 ; the total length of a particular molecule is then merely the sum of the individual ssDNA and dsDNA tract lengths for that molecule.
TrackMate XML to txt.py is a Python 2.7 script that converts the XML output of TrackMate into CSV format. TrackMate was used to track the position of the rolling-circle template for live imaging without primase. The script outputs the frame number, x and y positions of the template, and the calculated displacement of the template, relative to the first frame in which the template was detected, using the ssDNA,SSB extension versus flow calibrations of Figure S1 .
Primase live imaging analyzer.ipf is an Igor Pro macro that automates the location of ssDNA,SSB and dsDNA tracts in time-series data. It is functionally similar to End-product flow and tract analyzer.ipf described above. Like the macro described above, a 1D line profile is taken across a molecule of interest, except that given the lower signal-to-noise in time-series data compared to static images, the profiles at each time-point were filtered using a low-pass filter, and smoothed using a boxcar function. This macro was used for live imaging in the presence of primase both in Figure 1D -1G (320 nM primase) and Figure 6D-6H (1 nM primase) .
Intensity analyzer.ijm is an ImageJ macro used for determining the intensity with respect to time of the rolling-circle template from live imaging data in the absence of primase. It takes the xy coordinates of each molecule from time-series data (the output of TrackMate XML to txt.py described above) and returns a time-series of the integrated intensity of a circle of radius 5 pixels drawn at the exact location of the template. Background fluorescence was determined separately by integrating the intensity of another circle of 5-pixel radius, in a fixed location in the same field, close to the trajectory of the molecule of interest, but across which the template did not move during the imaging. Figure S1 . Calibration of dsDNA and ssDNA,SSB Extension against Volumetric Flow-Rate under Reaction Conditions and Visualization Conditions, Related to Figure 1 (A) Cartoon of control DNA (l dsDNA; 48,502 bp) used to calibrate flow-cells for duplex DNA extension at a given flow-rate. Molecules were anchored to the surface via single biotin-streptavidin linkage at one end. A representative molecule is shown under the highest flow-rate (9,000 ml,h (B) Cartoon of control DNA (lGap) used to calibrate flow-cells for SSB,ssDNA extension at a given flow-rate. The control DNA is a derivative of lgt11 bearing a defined 8,155 nt ssDNA gap and flanking regions of $25 kb and $21 kb dsDNA proximal and distal to the anchor, respectively (Bell et al., 2012) . Molecules were anchored to the surface as per (A). A representative molecule is shown under the highest flow-rate (9,000 ml,h y 0 = 5.0 ± 0.33 mm, A 1 = 3.9 ± 0.35 mm, k 1 = 0.00028 ± 7.9 3 10ˉ5, A 2 = 6.7 ± 0.40 mm, k 2 = 0.0033 ± 0.00051 (all ± SE of fit; R 2 > 0.98 for both fits).
Supplemental Figures
(F) Calibration of ssDNA,SSB extension versus volumetric flow-rate. Data are the mean of 14 molecules (''LIVE'') or 4 molecules (''END-POINT'') per condition; error bars (SEM) are smaller than the markers for the no-Mg 2+ condition. Data R 2,500 ml,h -1 were fit by linear regression (R 2 : 10 mM Mg 2+ , nucleotides + SSB:
0.999; no Mg
